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Abstract 

Background The microbiome plays a fundamental role in plant health and performance. Soil serves as a reser‑
voir of microbial diversity where plants attract microorganisms via root exudates. The soil has an important impact 
on the composition of the rhizosphere microbiome, but greenhouse ornamental plants are commonly grown 
in soilless substrates. While soil microbiomes have been extensively studied in traditional agriculture to improve plant 
performance, health, and sustainability, information about the microbiomes of soilless substrates is still limited. Thus, 
we conducted an experiment to explore the microbiome of a peat‑based substrate used in container production 
of Impatiens walleriana, a popular greenhouse ornamental plant. We investigated the effects of plant phenological 
stage and fertilization level on the substrate microbiome.

Results Impatiens plants grown under low fertilization rates were smaller and produced more flowers than plants 
grown under optimum and high fertilization. The top five bacterial phyla present in the substrate were Proteo-
bacteria, Actinobacteria, Bacteriodota, Verrucomicrobiota, and Planctomycetota. We found a total of 2,535 amplicon 
sequence variants (ASV) grouped into 299 genera. The substrate core microbiome was represented by only 1.8% (48) 
of the identified ASV. The microbiome community composition was influenced by plant phenological stage and ferti‑
lizer levels. Phenological stage exhibited a stronger influence on microbiome composition than fertilizer levels. Differ‑
ential abundance analysis using DESeq2 identified more ASVs significantly affected (enriched or depleted) in the high 
fertilizer levels at flowering. As observed for community composition, the effect of plant phenological stage on micro‑
bial community function was stronger than fertilizer level. Phenological stage and fertilizer treatments did not affect 
alpha‑diversity in the substrate.

Conclusions In container‑grown ornamental plants, the substrate serves as the main microbial reservoir 
for the plant, and the plant and agricultural inputs (fertilization) modulate the microbial community structure 
and function of the substrate. The differences observed in substrate microbiome composition across plant phenologi‑
cal stage were explained by pH, total organic carbon (TOC) and fluoride, and across fertilizer levels by pH and phos‑
phate  (PO4). Our project provides an initial diversity profile of the bacteria occurring in soilless substrates, an underex‑
plored source of microbial diversity.
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Background
The floriculture industry relies on soilless substrates and 
chemical fertilizers to grow high-quality and marketable-
sized plants at the right time of the year. Soilless sub-
strates are mixes of organic (peat, coconut coir, or bark) 
and inorganic (perlite, sand, or vermiculite) materials 
designed to optimize plant growth and development 
[1]. Due to the limited nutrient holding capacity of soil-
less substrates, nutrients provided through fertilization 
(i.e., phosphate and sulfate) can be easily leached out of 
the container with irrigation [2, 3]. Intensive fertiliza-
tion is required to compensate for nutrient losses from 
the container due to leaching, but this excessive nutrient 
application also increases production costs and contrib-
utes to the pollution of surface and groundwater sources. 
Recently, multiple approaches have been investigated for 
reducing fertilizer use and nutrient leaching, including 
revising and reducing recommended fertilization rates 
[4], identifying alternative nutrient sources [5], engineer-
ing alternative substrates [6], and utilizing plant-growth 
promoting rhizobacteria (PGPR) [7].

High quality ornamentals can be produced with a 60% 
reduction of the fertilizer recommended dose (150 ppm 
N) when plants are inoculated with PGPR [7]. Petu-
nia × hybrida ‘Picobella Blue’ (petunia) inoculated with 
Caballeronia zhejiangensis strain C7B12 were larger and 
more floriferous than non-inoculated petunias receiv-
ing a two-fold higher fertilizer dose [8]. Recent research 
has shown that it is not only PGPR, but also their associ-
ated plant microbial communities that play an important 
role in modulating plant nutrient uptake, greenhouse 
gas emissions, and nutrient leaching [9, 10]. Moreover, 
microbial community transplant has been reported to 
alter flowering time [11], which is an important trait for 
greenhouse ornamental plants. Thus, capitalizing on the 
plant associated microbial communities has the poten-
tial to contribute to minimizing the use of nonrenewable 
inputs (i.e., chemical fertilizers) and reducing growing 
cycles in controlled environment production systems [8, 
12].

The term microbiome refers to the microbial com-
munities, including their genomic material, present in a 
specific ecosystem or host [13]. The soil microbiome is 
the most diverse on Earth and serves as the main source 
of microbial diversity in land-based ecosystems [14]. As 
plants grow, roots secret organic and inorganic com-
pounds into the rhizosphere (the narrow area of soil 
surrounding the roots) to modify the chemical and bio-
logical properties of soil [15, 16]. Microbiome assembly 

at the rhizosphere is driven by the composition of root 
exudates, which is influenced by abiotic (i.e., nutrient 
deficiency) and biotic factors (i.e., pathogen attack) [17, 
18]. The rhizosphere microbiome plays an important 
role in plant nutrition, development, and health [9, 18]. 
For instance, plant microbiome members participate in 
nitrogen fixation [19], nutrient solubilization (phospho-
rus, potassium and zinc) [20, 21], siderophore production 
[22], phytohormone production [23], pathogen biocon-
trol, [24] and induced systemic resistance (ISR) [25].

In contrast to the vast microbial diversity of soil [26], 
the microbial diversity of soilless substrate is greatly 
reduced [27]. Montagne et  al. [27] reported that Act-
inobacteria, Proteobacteria, Bacteroidetes dominate the 
microbiome of bulk coco fiber, wood fiber, and peat. 
Similarly, Valles-Ramirez et  al. [28] reported Actinobac-
teria, Proteobacteria, Bacteroidetes, Chloroflexi, and Aci-
dobacteria as dominant bacterial phyla in leaf compost, 
pine bark, and peat. The fungal microbiome in soilless 
substrates is dominated by phyla Ascomycota and Basidi-
omycota [27, 28]. The substrate microbiome depends on 
the types of organic components (coir, wood fibers, peat, 
pine bark or leaf compost) and manufacturing processes 
(i.e., grinding technique and pH adjustment) [27, 28]. In 
bulk soil, the pH is the most important factor driving 
microbiome composition and diversity [29, 30]. In com-
mercial substrate mixes, limestone is commonly added 
to adjust the pH to an optimal range for ornamental 
crop growth (5.4 to 6.8) [31]. Montagne et  al. [27] also 
reported a change in microbiome composition when 
substrate pH was changed from 5.0 to 6.0. What or how 
other factors influence substrate microbiomes in con-
trolled enviroment production systems is still unknown.

In container production, the substrate replaces the soil 
as the primary source of microorganisms for root micro-
biome assembly. Since substrate and soil microbiomes are 
different, they also drive the assembly of distinct rhizos-
phere microbiomes [32–34]. Bulk soilless substrates (peat 
and coconut fiber) are less diverse than soil [34]. Accord-
ingly, plants grown in soilless substrates also assemble a 
rhizosphere microbiome less diverse than plants grown 
in soil [33]. However, plants grown in solid soilless sub-
strates assemble rhizosphere microbiomes more diverse 
than plants grown in aeroponic and hydroponic systems 
[35]. Although soilless substrates have lower microbial 
diversity than soil, they do serve as a source of microor-
ganisms for root microbiome assembly.

The root microbiome (rhizosphere and endosphere) 
is strongly influenced by soil type and host-genotype, 
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with the soil serving as microbial source and the host-
genotype-dependent selection of microorganisms 
[36]. In soil grown plants, the contribution of the soil 
microbiome to plant health and development is well-
recognized [14]. In the greenhouse production of 
ornamental plants in containers, root development is 
restricted by the container size and shape. The primary 
sources of microorganisms in container culture are the 
substrate and water, but we still know very little about 
soilless substrate microbiomes and their influence on 
greenhouse ornamental plants. Developing microbial-
based solutions to improve nutrient acquisition and 
plant visual quality requires a deep understanding of 
substrate and host-associated microbiomes and their 
responses to management practices such as fertiliza-
tion [9, 37]. Therefore, the objective of this study was 
to describe the composition and diversity of bacterial 
communities associated with a peat-based substrate 
used for container culture of Impatiens walleriana, and 
to understand how these communities are influenced 
by fertilization rates.

Materials and methods
Plant material and greenhouse culture
Impatiens walleriana ‘Xtreme Red’ (impatiens) seeds 
(Syngenta Flowers, Gilroy, CA, USA) were sown in 
288-size plug trays filled with a peat-based germination 
substrate (Pro-Mix PGX, Premier Tech Horticulture, 
Quakertown, PA, USA). Seedling trays were covered with 
a plastic dome to maintain humidity and germinated 
under fluorescent lights at room temperature (~ 21° C). 
Once the first true leaves expanded, the seedlings were 
fertilized with a rate of 25 mg per liter N (mg/L N) from 
a 15N-2.2P-12.5  K-2.9Ca-1.2  Mg water-soluble fertilizer 
(Jack’s Professional, JR Peters Inc., Allentown, PA, USA). 
Four weeks after sowing, the seedlings were transplanted 
into 15.2  cm round containers filled with a peat-based 
growing substrate (Pro-Mix BX, Premier Tech Horti-
culture), and watered with the corresponding fertilizer 
treatment solution. Plants were grown in a controlled 
environment greenhouse with a 14  h photoperiod and 
21–24 °C day and 16–18 °C night temperatures.

Containers were organized in a randomized complete 
block design (RCBD) with six treatments and six blocks 
(n = 6). The treatments are described in Table 1 and are 
the combination of phenological stage and fertilizer level. 
Plants were harvested at two phenological stages: the 
beginning of the budding stage (four weeks after trans-
plant), and when plants were fully flowering (eight weeks 
after transplant). The fertilizer treatments were prepared 
using 15N-2.2P-12.5 K-2.9Ca-1.2 Mg water-soluble ferti-
lizer (Jack’s Professional, JR Peters Inc.,). Three fertilizer 
solutions were prepared that represented low (25  mg/L 

N), optimum (100 mg/L N) and high (200 mg/L N) fer-
tilizer levels.

Plant evaluation
Plant material and substrate samples were harvested at 
the budding (four weeks after transplant) and full flow-
ering (eight weeks after transplant) stages. Open flowers, 
buds, and shoots were removed and placed in paper bags. 
Then, the root ball was removed from the container and 
vigorously shaken to separate the peat substrate from the 
roots. Samples of substrate were collected for microbi-
ome and nutrient analyses (described below). The col-
lected plant tissue was dried in a forced-air oven at 60 °C 
for at least 4 days and the dry weights were recorded.

Substrate sampling
At harvest, most of the container area was occupied by 
the roots. We collected a subsample from all the sub-
strate contained in the container after removing the 
roots, not only rhizosphere substrate. Thus, our sampling 
does not specifically distinguish between bulk and rhizo-
sphere (substrate closely surrounding roots) substrate. 
Six substrate samples from each fertilizer treatment (low, 
optimum, and high) and at each phenological stage (bud-
ding and flowering) were collected in 2-ml microcentri-
fuge tubes and stored at -80 °C until DNA was extracted 
(n = 6 replicates/ treatment). In total, 36 samples were 
collected.

Substrate nutrient analysis
After the substrate sample for sequencing was collected, 
a 200  ml substrate (aka media) sample was collected 
into plastic bags and stored for nutrient analyses. Sam-
ples were prepared using the saturated media extraction 
(SME) protocol [38]. Saturated media/ substrate extracts 
were filtered using a 0.45  µm nylon filter. Filtered sam-
ples were analyzed for pH, electrical conductivity (EC), 
total organic carbon (TOC), total dissolved nitrogen 
(TDN), and nutrient ions (NO,  PO4, K, Ca, Mg, Cl, F, and 
 SO4). Nutrient ions were measured using a Dionex ICS-
6000 Ion Chromatograph (Thermo Fisher Scientific Inc., 

Table 1 Description of treatment combinations

Treatments Phenological stage Fertilizer level

1 Budding Low (25 mg/L N)

2 Budding Optimum (100 mg/L N)

3 Budding High (200 mg/L N)

4 Flowering Low (25 mg/L N)

5 Flowering Optimum (100 mg/L N)

6 Flowering High (200 mg/L N)
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Waltham, MA, USA). TOC and TDN were measured 
using Shimadzu TOC-VCPH total organic carbon ana-
lyzer with TNM-1 TN measuring unit (Shimadzu Scien-
tific Instruments, Columbia, MD, USA) [39].

DNA extraction and sequencing
DNA was isolated from 250  mg of substrate samples 
using the DNeasy PowerSoil Kit (Qiagen, Germantown, 
MD, USA) according to the manufacturer instructions. 
DNA concentrations and quality were assessed using a 
spectrophotometer (NanoDrop ND-100, Thermo Fisher 
Scientific, Waltham, MA, USA). Extracted DNA was 
stored at -80  °C until it was sent for sequencing. 16S 
rRNA amplicon sequencing of the variable region V4 
(V4_515F and V4_806) was conducted by Diversigen 
(New Brighton, MN, USA) [40].

Statistical analysis and bioinformatics
Statistical analyses were conducted using R statisti-
cal software (R Foundation for Statistical Computing, 
Vienna, Austria). Normality and homoscedasticity of 
residuals were assessed before analysis of variance. One-
way analysis of variance was conducted with shoot and 
flower dry weight according to the following model: 
Y = µ+ treatment + block . The significance level was 
set at α = 0.05.

Diversigen BenchMark is optimized for rhizosphere 
microbiome samples. Raw sequences were processed 
according to the DADA2 pipeline [41] and Diversigen 
BenchMark to generate the amplicon sequence variants 
(ASV). The Diversigen BenchMark provided the count 
and taxonomic tables for analysis.

All samples were rarefied to 31041 sequences per sam-
ple. Thus, sample LC8 was discarded due to insufficient 
sequence coverage. The core microbiome was identified 
using the rarefied dataset and the ‘microbiome’ pack-
age in R. An ASV was considered as core taxa if it was 
present in both collection times (100% persistence) and 
in all samples within a fertilizer treatment (100% preva-
lence) with at least 0.001% abundance. The sequences of 
core ASVs were used to construct a maximum likelihood 
phylogenetic tree with the ‘phangorn’ and ‘DECIPHER’ 
packages [42, 43]. The phylogenetic tree was visualized 
and annotated using the ‘treeio’, ‘ggtree’, and ‘ggtreeExtra’ 
packages [44–46].

The alpha-diversity represents the diversity of indi-
vidual samples considering both richness and even-
ness. Richness refers to the number of different ASVs 
per sample, and evenness refers to the proportional 
distribution of ASVs in the sample. The estimation of 
Shannon and Simpson indices considers both richness 
and evenness. However, the Shannon index is more 

influenced by richness, whereas the Simpson index is 
more influenced by evenness [47, 48]. Richness, even-
ness, Shannon index, and Simpson index were calcu-
lated using the rarefied dataset and the ‘microbiome’ 
package in R. Statistical differences between groups 
were tested using the Kruskal–Wallis test (α = 0.05). If 
the Kruskal–Wallis test was significant (p ≤ 0.05), we 
performed pair-wise comparisons using the Wilcoxon 
test.

The relative abundance of bacterial phyla was pre-
sented as a stacked bar representation using the ‘micro-
biome’ package. Differences in community composition 
(beta-diversity) were visualized using a Bray & Curtis 
dissimilarity matrix and principal coordinate analysis 
using the ‘phyloseq’ and ‘vegan’ [49] packages. Differ-
ences in community composition were tested using the 
permutational analysis of variance (PERMANOVA) 
with the adonis function in the ‘vegan’ package [49].

The ‘DESeq2’ package was used for group-wise 
comparison using the model abundance ~ time * fer-
tilization [50]. The non-rarefied dataset was used in 
the analysis. Only the five most abundant phyla were 
included in the analysis. ASVs present in less than 50% 
of the samples were removed. ASVs with a false discov-
ery rate (FDR)-adjusted p-value of < 0.05 were selected 
as statistically significant.

Canonical correspondence analysis (CCA) was per-
formed using the ‘vegan’ package. CCA was performed 
to model the effect of substrate nutrient levels on the 
substrate microbial community. Nutrient variables 
containing missing data were not included. The non-
rarefied dataset was used in the analysis. Only the 
five most abundant phyla were included in the analy-
sis. ASVs present in less than 50% of the samples were 
removed. The ASV count table was transformed to 
relative abundance. The most informative variables 
were chosen through a forward and reverse stepwise 
selection procedure based on the Akaike Informa-
tion Criterion (AIC) using the ‘vegan’ package. PER-
MANOVA was performed to test the significance of 
our model and estimated marginal effect of each vari-
able using the ‘vegan’ package. For the nutrients with 
a significant marginal effect, one-way analysis of vari-
ance was conducted according to the following model: 
Y = µ+ block + treatment . The significance level was 
set at α = 0.05.

Functional prediction was performed using the Func-
tional Annotation of Prokaryotic Taxa (FAPROTAX) 
database [51] in the ‘microbiome’ package. FAPROTAX 
assigns ASVs to a functional group based on informa-
tion available in the literature. Statistical differences 
between groups were tested using the Kruskal–Wallis 
test (α = 0.05).
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Results
Impatiens walleriana ‘Xtreme Red’ performs well 
under limited fertilization
We cultivated Impatiens walleriana ‘Xtreme Red’ in 
peat-based soilless substrate under three fertilization lev-
els: low (25 mg/L N), optimum (100 mg/L N), and high 
(200  mg/L N). At budding, the plants were not visually 
different (Fig.  1A). Accordingly, we did not find signifi-
cant differences in shoot dry weight (p > 0.05) (Fig.  1C). 
At full flowering, we observed chlorosis on the optimum 
and high fertilization treatments (Fig.  1B). Plants under 
low fertilization did not show chlorosis but had lower 
shoot dry weight than optimum and high fertilization 
treatments (Fig.  1D). Interestingly, the low fertilization 
treatment showed higher flower dry weight than the 
other two treatments (Fig. 1E).

The core microbiome of substrate harboring Impatiens 
walleriana ‘Xtreme Red’
For microbiome assessment, we sampled the substrate 
from container-grown impatiens ‘Xtreme Red’ plants 
that grew under the conditions described above. High-
throughput sequencing of the 16S rRNA region from 
35 samples produced 2,538,678 high-quality reads that 
grouped into 3,065 ASVs. After data cleaning (i.e., remov-
ing contaminant and spurious reads) we had 2,326,495 
reads and 2,535 ASVs. There were 664 ASVs common 
among the six treatments. For samples collected at bud-
ding, we found 95, 118, and 122 unique ASVs for the low, 
optimum, and high fertilization treatments, respectively. 
For samples collected at full flowering, we found 197, 
221, and 88 unique ASVs for the low, optimum, and high 
fertilization treatments, respectively (Fig. 2).

Fig. 1 The effect of fertilization rate on the growth of Impatiens walleriana ‘Xtreme Red’. Plants fertilized with 15N‑2.2P‑12.5 K‑2.9Ca‑1.2 Mg 
water‑soluble fertilizer at low (25 mg/L N), optimum (100 mg/L N), and high (200 mg/L N) levels. Pictures were taken at budding (A; four weeks 
after transplant) and full flowering (B; eight weeks after transplants). Shoot dry weight of plants harvested at budding (C). Shoot (D) and flower (E) 
dry weight of plants harvested at full flowering. Bars represent the mean ± standard error (n = 6). Bars sharing the same letter are not statistically 
different (p > 0.05) according to the Fisher LSD test
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Since the number of ASVs per sample is strongly influ-
enced by sequencing depth, rarefaction curves were con-
structed to evaluate the impact of sequencing depth on 
estimating species richness (Additional file  1). Samples 
were subsampled to 31,041 reads per sample to account 
for differences in sequencing depth and keep maximum 
data. The rarefied dataset contained 2,535 ASVs grouped 
into 24 phyla and 299 genera. Only about 10% of all reads 
were classified to the species level and about 75% to the 
genus level (Additional file 2).

Community composition refers to the identity and 
relative abundance of different microbial taxa present 
in a particular ecosystem. In container-grown impatiens 
‘Xtreme Red’, the top five taxa at the phyla level in the 
substrate microbial community were Proteobacteria, Act-
inobacteria, Bacteriodota, Verrucomicrobiota, and Planc-
tomycetota (Fig. 3). At the genus levels, the top five taxa 
were Streptomyces, Actinocatenispora, Chitinophaga, 
Flavobacterium, and Sediminibacterium (Fig. 4).

The core microbiome refers to a set of microorganisms 
commonly found in a host or environment [52]. The core 
microbiome was defined at the ASV level by taxa with 
100% persistence (present in both collection time points), 
100% prevalence (present in all samples of a treatment) 
and at least 0.001% abundance. The substrate core micro-
biome included 48 core ASVs that belong to phyla Pro-
teobacteria (18), Actinobacteriota (15), Bacteroidota (5), 
Verrucomicrobiota (3), Planctomycetota (2), Acidobac-
teriota (2), Armatimonadota (1), Myxococcota (1), and 
Firmicutes (1). Among the ASVs with 100% persistence, 

only three, four, and nine ASVs were unique for the low, 
optimum, and high fertilization treatments, respectively 
(Fig. 5).

Plant phenological stage and fertilization levels influenced 
the substrate microbiome composition
Developmental stages have been reported to influence 
the microbiome assembly of various crop and model 
plants [53, 54]. Accordingly, the substrate bacterial com-
munities in samples collected from container-grown 
impatiens ‘Xtreme Red’ at budding and full flower-
ing were also different. Principal coordinate analysis 
(PCoA) showed a clear separation between budding 
and flowering samples along the first principal coordi-
nate (PCo1), which accounted for about 30.9% of the 
observed variance (Fig. 6A). Multivariate analysis of vari-
ance (PERMANOVA) also revealed a significant effect 
of phenological stage (R2 = 0.30111, df = 1, p < 0.0001) 
and fertilizer (R2 = 0.09805, df = 2, p = 0.00270), but the 
interaction effect was not significant (R2 = 0.05884, df = 2, 
p = 0.07349).

To look at the effects of nutrient availability on micro-
biome structure, we conducted individual PCoA analyses 
for each phenological stage. At budding, low fertilization 
samples clustered and separated from high fertilization. 
The separation was mainly along the first principal coor-
dinate (PCo1), which accounted for about 16.7% of the 
observed variance (Fig.  6B). At full flowering, we better 
observed the shift of the substrate microbiome along the 
fertilizer gradient (Fig.  6C). Finally, we did not observe 

Fig. 2 Venn diagram showing shared and unique amplicon sequence variants (ASV) identified in substrate samples. Samples were collected 
at budding (4 weeks after transplant) and full flowering (8 weeks after transplant), from container‑grown Impatiens walleriana ‘Xtreme Red’ fertilized 
with 15N‑2.2P‑12.5 K‑2.9Ca‑1.2 Mg water‑soluble fertilizer at 25, 100, or 200 mg/L of nitrogen (N)
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Fig. 3 Relative abundance of bacterial phyla in substrate samples collected from container‑grown Impatiens walleriana ‘Xtreme Red’. Plants were 
fertilized with 15N‑2.2P‑12.5 K‑2.9Ca‑1.2 Mg water‑soluble fertilizer at low (25 mg/L N), optimum (100 mg/L N), and high (200 mg/L N) levels. 
Samples were collected at budding (four weeks after transplant) and full flowering (eight weeks after transplant). Only the top eight most abundant 
phyla are shown

Fig. 4 Relative abundance of bacterial genera in substrate samples collected from container‑grown Impatiens walleriana ‘Xtreme Red’. Plants 
were fertilized with 15N‑2.2P‑12.5 K‑2.9Ca‑1.2 Mg water‑soluble fertilizer at low (25 mg/L N), optimum (100 mg/L N), and high (200 mg/L N) levels. 
Samples were collected at budding (four weeks after transplant) and full flowering (eight weeks after transplant). Only the top 10 most abundant 
genera are shown
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a clear significant effect of phenological stage or fertili-
zation on richness, evenness, or alpha-diversity indices 
(Fig. 7).

As we were interested in the effect of fertilization on 
the substrate microbiome, we analyzed fertilization-
dependent changes in the abundance of microbes in 
the rhizosphere. Differential abundance analysis using 
DESeq2 was conducted with taxa present in more than 
50% of the samples with more than five reads. We used 
budding as reference level for the factor phenological 
stage and optimum as the reference level for the factor 
fertilizer level. We then identified microbial taxa signifi-
cantly enriched in the low and high fertilizer levels at 
budding and full flowering (Fig. 8). At budding, we iden-
tified three ASVs. ASV378 was depleted at low fertiliza-
tion, while ASV694 and ASV330 were depleted at high 
fertilization.

At flowering, ASV617, ASV380, and ASV269 were 
enriched in both low and high fertilization. ASV112 was 
enriched only at low fertilization. We found the higher 
number of differentially abundant taxa at high fertiliza-
tion, where four ASVs were enriched (ASV14, ASV36, 
ASV60, ASV227) and five were depleted (ASV9, ASV111, 
ASV127, ASV191 and ASV493). None of the identified 

taxa were classified to the species level, and five were not 
even classified to the genus level.

Nutrient limitation can influence soil microbial com-
munity function and drive the assembly of microbi-
omes that help maintain plant growth [55]. To look at 
the effects of fertilizer levels on community function, 
the ASVs were assigned to functional categories using 
the FAPROTAX database [51]. We selected the 15 most 
abundant functional groups for analysis. The top two 
functions identified were chemoheterotrophy and aero-
bic chemoheterotrophy. The Kruskal–Wallis test showed 
significant differences in 11 functions (Fig.  9). Pair-wise 
comparison revealed that differences in each function 
were mainly between the two phenological stages. We 
observed an effect of fertilization levels mostly at full 
flowering on aerobic-chemoheterotrophy, fermenta-
tion, predatory-or-exoparasitic, and ureolysis. At high 
fertilization levels, ureolysis was higher and fermenta-
tion was lower than at low fertilization. The proportion 
of reads classified as predatory or exoparasitic was lower 
in the low fertilization than in the optimum and high 
fertilization.

During sample collection, we also collected substrate 
samples from each container to characterize chemical 

Fig. 5 The core microbiome identified in substrate samples collected from container‑grown Impatiens walleriana ‘Xtreme Red’. Plants were fertilized 
with 15N‑2.2P‑12.5 K‑2.9Ca‑1.2 Mg water‑soluble fertilizer at low (25 mg/L N), optimum (100 mg/L N), and high (200 mg/L N) levels. Samples were 
collected at budding (four weeks after transplant) and full flowering (eight weeks after transplant). The core taxa were defined by 100% persistence 
(present in both collection time points), 100% prevalence (present in all samples of a treatment) and at least 0.001% abundance. Phylogenetic tree 
depicts taxa with 100% persistence, and tips are colored by phylum and annotated according to presence within the fertilizer treatments. Shared 
(color) refers to amplicon sequence variants present in at least two fertilizer treatments
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properties (Additional file  3). Canonical correlation 
analysis was conducted to understand the relationship 
between substrate microbial communities and the chem-
ical properties of the media (considered as explanatory 
variables). Explanatory variable selection was based on 
the variance inflation factor (VIF) and a stepwise selec-
tion procedure. VIF measures to what extent each 
variable in a data set is intercorrelated with other vari-
ables (collinearity). Five variables showed low collinear-
ity (pH = 6.2, total organic carbon (TOC) = 3.3, fluoride 
(F) = 4.5, chloride (Cl) = 1.5 and sulfate  (SO4) = 6.9). 
The stepwise selection procedure rendered a significant 
model with three environmental constraints [chloride 
(Cl), phosphate  (PO4), and fluoride (F)]. Thus, our final 
model included the six explanatory variables (pH + TOC 
+ F + Cl +  SO4 +  PO4), it was highly significant (P = 0.001), 
and it produced two significant canonical correspondent 
axes (CCA1: p = 0.0001 and CCA2: p = 0.015). The two 
first canonical axes explained 76.9% of the constrained 

variation in the substrate bacterial communities. CCA1 
clearly distinguished the samples collected at budding 
from the ones collected at full flowering. The pH, TOC, 
and fluoride were significantly associated to the observed 
clustering along CC1 (Fig. 10A). Moreover, although sul-
fate was not significant, it was positively correlated with 
TOC and fluoride. Accordingly, there was a consistent 
difference in pH, TOC, sulfate, and fluoride concentra-
tion between samples collected at budding and flower-
ing, but not between fertilizer treatments compared at 
each stage (Fig. 10B, C, D, E). Clustering according to the 
fertilizer levels was observed along CCA2. Cl (p = 0.016) 
was significantly associated to CCA2 (Fig.  10A). The 
pH was negatively correlated to phosphate, and they 
both appeared to partially contribute to clustering along 
CC2. Accordingly, we observed a significant phosphate 
gradient at both phenological stages (Fig. 10F). In addi-
tion, at each stage the lowest phosphate values were 
accompanied by the highest pH values (Fig.  10B), and 

Fig. 6 Beta diversity analysis of substrate samples collected from container‑grown Impatiens walleriana ‘Xtreme Red’. Principal coordinate analysis 
was based on the Bray–Curtis dissimilarity matrix using the complete data set (A), samples collected at budding (B) and samples collected at full 
flowering (C). Plants were fertilized with 15N‑2.2P‑12.5 K‑2.9Ca‑1.2 Mg water‑soluble fertilizer at low (25 mg/L N), optimum (100 mg/L N), and high 
(200 mg/L N) levels. Samples were collected at budding (four weeks after transplant) and full flowering (eight weeks after transplant). Phenological 
stage and fertilizer level effects were tested by conducting permutational analysis of variance (PERMANOVA) with the Bray–Curtis dissimilarity 
matrix
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chloride concentration increased at higher fertilizer lev-
els (Fig. 10G).

Discussion
Greenhouse ornamental plants are primarily grown in 
soilless substrates, and peatmoss is the most common 
component in greenhouse substrates [56]. Although vari-
ous research efforts have focused on improving chemi-
cal [57–59] and physical [6, 60] properties of soilless 
substrates to enhance plant growth and product quality, 
less research has focused on the microbiological proper-
ties. In soil-based agriculture systems the soil serves as 
the primary source of microorganisms for plant micro-
biome assembly, and those microorganisms significantly 
contribute to plant health and development [15]. In sub-
strate-based controlled environment agriculture, soil is 
replaced with commercially available soilless-substrates 
and this substrate serves as the source of microorgan-
isms for the plant microbiome. However, the substrate 
microbiomes and their potential effects on the plant have 
not been fully explored. Due to the relevance of micro-
organisms in plant nutrient uptake and nutrient cycling 
[10], there is an increasing interest in studying the micro-
biomes of soilless substrates and their potential contri-
butions to reducing the reliance on synthetic fertilizers. 

Thus, to gain insight into the microbiome of soilless sub-
strates, we examined the microbiome of a peat-based 
substrate (80% peat and 20% perlite v/v) used to grow 
Impatiens walleriana ‘Xtreme Red’, a popular greenhouse 
ornamental plant. The substrate bacterial microbiome 
was assessed using 16S rRNA amplicon sequencing. 
This approach allows the identification of culturable and 
unculturable microorganisms and has been widely used 
to assess earth’s microbial diversity [61, 62].

Proteobacteria, Actinobacteria, and Bacteriodota are 
dominating groups in bulk peat, wood fiber, compost, 
pine bark, and coconut coir [27, 28]. Accordingly, those 
phyla also dominated the microbiome of a peat-based 
substrate used in container culture of impatiens ‘Xtreme 
Red’. The dominant phyla in tropical and boreal peat-
lands are Proteobacteria and Acidobacteria [63]. Proteo-
bacteria is fast-growing and its abundance is positively 
correlated to carbon availability [64]. Acidobacteria are 
common inhabitants of acidic environments. Peatlands 
are ecosystems with high carbon content and acid pH 
(3.9 to 4.5), thus they provide conducive conditions for 
development of Proteobacteria and Acidobacteria [65]. 
Interestingly, we observed that Acidobacteria ranked 
sixth in our study. An important distinction is that the 
pH of commercial substrates is commonly higher than 

Fig. 7 Richness, evenness, and alpha diversity of substrate samples collected from container‑grown Impatiens walleriana ‘Xtreme Red’. Plants 
were fertilized with 15N‑2.2P‑12.5 K‑2.9Ca‑1.2 Mg water‑soluble fertilizer at low (25 mg/L N), optimum (100 mg/L N), and high (200 mg/L N) levels. 
Samples were collected at budding (four weeks after transplant) and full flowering (eight weeks after transplant). For each function, differences 
between treatments were tested using the Kruskal–Wallis test. If the Kruskal–Wallis test was significant (p ≤ 0.05), we performed pair‑wise 
comparisons using the Wilcoxon test (* 0.01 < p ≤ 0.05, ** 0.001 < p ≤ 0.01, *** p ≤ 0.001)
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the pH of peatlands. Greenhouse substrates are com-
monly amended with limestone to reach the pH required 
(5.4 to 6.8) for the production of ornamental plant spe-
cies [31]. Montagne et al. [27] reported that adjusting pH 
from 6.0 to 7.0 changed the microbiome composition and 
diversity of sphagnum peat. However, pH was adjusted 
by adding a phosphate solution (0.1 M  K2HPO4, 0.01 M 
 KH2PO4), thus it is unclear if the observed changes in 
the microbiome were only due to the pH shift or to the 
additional phosphorus and potassium added. Although 
the dominant phyla of our peat-based substrate was 
similar to the ones reported in other soilless substrates 
[27], we observed a more distinct substrate microbiome 
composition at the genus level which was dominated by 
Streptomyces, Actinocatenispora, Chitinophaga, and Fla-
vobacterium. In contrast, Anzalone et  al. [34] reported 
that the microbiome of coconut fiber was dominated 
by Pseudonocardiaceae, Rhodococcus, Ochobactrum, 
and Bacillus, and the microbiome of blonde sod peat 
was dominated by Pedosphaeraceae, Desulfovibrio, and 
Flavobacterium. Therefore, variability in microbiome 

composition can be found across commercial soilless 
substrates, and this variability is shown to be driven by 
factors such as the organic ingredients and manufactur-
ing process [27]. Substrate-based soilless culture drives 
the assembly of distinct root microbiomes [34, 66], yet 
there is a gap in our knowledge about their potential 
functions. In substrate-based container production, the 
substrate serves as the main source of microorganisms 
for the root microbiome. However, while the bacterial 
richness of soil was estimated to reach up to 52 000 spe-
cies per gram of soil [26], the reported bacterial richness 
of soilless substrates (peat, bark and coconut fiber) ranges 
from 38 to 124 species [27], and the bacterial richness of 
our peat-based substrate ranged from 500 to 800 species. 
Thus, root microbiomes of plants grown in soilless sub-
strates can be limited to the available microbial diversity 
in the substrate.

Plants can modulate the soil/substrate microbiome. 
Underground, plants interact with soil microorganisms 
(or substrate microorganisms in our system) through the 
exudates released by the root into the rhizosphere [15]. 

Fig. 8 Differential abundance analysis (DESeq2) between substrate samples collected from container‑grown Impatiens walleriana ‘Xtreme Red’. 
Plants were fertilized with 15N‑2.2P‑12.5 K‑2.9Ca‑1.2 Mg water‑soluble fertilizer at low (25 mg/L N), optimum (100 mg/L N), and high (200 mg/L 
N) levels. Samples were collected at budding (four weeks after transplant) and full flowering (eight weeks after transplant). The DESeq2 analysis 
indicates the fold‑change of abundance due to fertilizer treatments in comparison to the 100 mg/L N level at each collection timepoint. DESeq2 
uses the Benjamini‑Hochberg (BH) adjustment to correct for multiple testing, and only amplicon sequence variants (ASV) with an BH‑adjusted 
p ≤ 0.05 are shown
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The quality and quantity of the root exudates changes 
along the plant life cycle [67] and in response to biotic 
[68] and abiotic stress [69]. These changes in root exu-
dation profiles in turn influence the diversity and com-
position of the soil microbiome. We did not observe 
changes in the substrate alpha-diversity associated with 
plant phenological stage or fertilizer level. Accordingly, 
no significant effects were reported in the alpha diver-
sity of bulk substrate (80% white peat and 20% coconut 
fiber v/v) used to grown Solanum melongena ‘Jaylo’ [66]. 
Similarly, plant phenological stage did not affect soil 
alpha diversity [67]. On the other side, Grunert et al. [70] 
reported that application of struvite or organic fertilizer 

slightly changes alpha diversity when analyzing rhizos-
phere substrate. Our observations could be impacted by 
our sampling approach, as it consisted of a subsample of 
all media contained in the container after removing the 
roots, not only rhizosphere substrate.

Although we did not observe an effect of phenotypic 
stage or fertilization on alpha diversity, they both modu-
lated microbial community composition. Phenological 
stage showed a strong effect on the bacterial community 
composition of the substrate (Fig.  6). The microbiome 
of substrate harboring budding impatiens was distinct 
from the microbiome of substrate harboring flower-
ing impatiens, and substrate TOC, sulfate, and fluoride 

Fig. 9 Relative abundance of bacterial functions identified in the substrate samples using the FAPROTAX database. The substrate samples were 
collected from container‑grown Impatiens walleriana ‘Xtreme Red’ fertilized with 15N‑2.2P‑12.5 K‑2.9Ca‑1.2 Mg water‑soluble fertilizer at 25, 
100, and 200 mg/L of nitrogen (N). Samples were collected at budding (4 weeks after transplant) and full flowering (8 weeks after transplant). 
Only the top 11 most abundant functions are presented. For each function, differences between treatments were tested using the Kruskal–
Wallis test. If the Kruskal–Wallis test was significant (p ≤ 0.05), we performed pair‑wise comparisons using the Wilcoxon test (* 0.01 < p ≤ 0.05, ** 
0.001 < p ≤ 0.01, *** p ≤ 0.001)
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were significantly associated with the observed differ-
ences in microbiome composition. The phenology effect 
has also been reported in cotton, where the rhizosphere 
soil microbiomes were different at seedling, budding, and 
flowering stages in two cotton cultivars (Gossypium hir-
sutum L. ‘TM-1’ and G. barbadense L. ‘Hai 7124’) [71]. 
But more importantly, Panke-Buisse et  al. [11] reported 
that flowering can be accelerated in late-flowering arabi-
dopsis plants through soil microbiome transplant. Thus, 
microbiome harnessing opens a possibility to modulate 

plant phenology that could help greenhouse growers 
meet seasonal demands.

Growing high-quality ornamentals to meet seasonal 
demands requires continuous fertilization. Continuous 
application of synthetic fertilizer changes the micro-
bial community composition and function of rhizos-
phere soil [72]. Accordingly, we also observed an effect 
of synthetic fertilization in the substrate microbiome. 
The substrate microbial community composition and 
function (aerobic-chemoheterotrophy, fermentation, 

Fig. 10 Association of environmental variables and bacterial community composition of the substrate. Canonical correspondence analysis (CCA) 
(A). The pH (B), total organic carbon (TOC) (C), sulfate (D), fluoride (E), phosphate (F), and chloride (G) concentration of the substrate. Substrate 
samples were collected from container‑grown Impatiens walleriana ‘Xtreme Red’. Plants were fertilized with 15N‑2.2P‑12.5 K‑2.9Ca‑1.2 Mg 
water‑soluble fertilizer at 25, 100, and 200 mg/L of nitrogen (N). Samples were collected at budding (4 weeks after transplant) and full flowering 
(8 weeks after transplant). Bars represent the mean ± standard error (n = 6). Bars sharing the same letter are not statistically different (p > 0.05) 
according to the Fisher least significant difference test
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predatory-or-exoparasitic, and ureolysis) changed in 
response to the amount of fertilizer applied through the 
watering solution. The effect of fertilization levels on 
microbial community composition were more apparent 
at flowering (eight weeks under continuous liquid fertili-
zation), and chloride and pH were significantly associated 
with the distinct substrate microbiome compositions. 
The soil pH affects nutrient bio-availability [16], and is 
the most important factor driving soil microbiome com-
position and diversity [29, 30]. Plants can modify root 
exudate composition as a mechanism to cope with nutri-
ent scarcity. Some of the exuded compounds can directly 
influence nutrient availability (i.e., coumarins) [73], and 
others serve as signaling molecules to drive the assembly 
of soil microbiomes, whose members can also contrib-
ute to increased nutrient availability (i.e., nitrogen fixers, 
phosphorus solubilizers, siderophore producers) [9, 74]. 
Thus, in the rhizosphere zone, microbiome composition 
and function are driven by the soil nutritional content 
and the plant response to nutrient availability in the soil 
[75]. Moreover, the microbiome effect on plant pheno-
type can shift from positive to negative by changes in the 
lifestyle of certain bacterial groups in response to nutri-
ent availability. For instance, Finkel et al. [75] showed that 
a 185-member bacterial synthetic community (SynCom) 
promotes growth in arabidopsis under normal phos-
phorus nutrition, but not under phosphorus starvation. 
However, the growth promotion effect of the SymCom 
was recovered by removing Burkholderia members from 
the Sym-Com. The above observations highlight the 
potential value of microbiome engineering as a tool to 
reduce synthetic fertilization. Microbiome engineering 
for substrate-based controlled environment agriculture 
requires deeper study of the microbial ecology of sub-
strates microbiomes, including their member identities, 
lifestyles, and functions.

Although substrate microbiomes could change in 
response to phenological stages and fertilizer levels, the 
species that were present in the substrate despite the 
applied treatments can be considered as the core micro-
biome of our peat-based media. The core microbiome 
refers to a set of microorganisms consistently found in a 
host or environment [52]. Due to their potential contri-
bution to plant development and health, the rhizosphere 
core microbiome has been determined for various plant 
hosts like arabidopsis, rice, and corn [76, 77]. In substrate 
harboring impatiens plants, we found a core microbi-
ome of 48 ASVs that were present in all samples from all 
treatments with an abundance of at least 0.001%. Other 
core microbiomes have been reported to contain seven 
(maize) [78], 97 (arabidopsis) [76], 88 (rice) [77] and 48 
species (common bean) [79]. Moreover, Proteobacteria 
and Actinobacteria are the dominating phyla in the core 

microbiome of all the species mentioned above. Similarly, 
the majority of species (79%) in the core microbiome of 
substrate harboring impatiens belong to phyla Proteobac-
teria, Actinobacteria, and Bacteriodota.

To define which taxa at the ASV-level were influenced 
by fertilization levels we conducted a differential abun-
dance analysis using DESeq2. We compared the low 
(25  mg/L N) and high (200  mg/L N) fertilization levels 
against the optimum level (100 mg/L N) at both collec-
tion timepoints (budding and flowering). At budding, 
no taxa were enriched by the fertilization treatments, 
but ASV378 was depleted by the low fertilization, and 
ASV330 and ASV694 were depleted by the high ferti-
lization. ASV378 belongs to genus Bauldia, which is 
associated with nitrogen-fixation [80]. ASV330 belongs 
to genus Fimbriiglobus, which is reported as chitinolytic 
and cellulolytic bacteria [81, 82]. ASV694 belongs to fam-
ily Chitinophagaceae, whose members are reported to 
produce chitinases and exhibit antifungal properties [83, 
84].

At flowering, we found 16 ASVs significantly affected 
by the fertilization levels. ASV112, ASV269, ASV380, 
and ASV617 were enriched by low fertilization. ASV112 
belongs to the candidate family env.OPS 17, phylum Bac-
teroidota, a taxonomic family present in ground water, 
but with few cultured isolates [85]. Interestingly, ASV269, 
ASV380, and ASV617 were enriched by both low and 
high fertilization. ASV269 and ASV380 belong to the 
genus Alkanibacter and Castellaniella, respectively. Spe-
cies from genus Castellaniella are described as denitrifi-
ers [86, 87], and Alkanibacter bacteria is able to degrade 
hexane [88]. ASV617 belongs to order Gaiellales, an 
order predominant in extreme environments like saline–
alkali agricultural soil and marine ecosystems [89, 90]. 
ASV269 and ASV380 are Proteobacteria, and ASV617 
is Actinobacteria, both phyla reported to possess copio-
troph lifestyles [64, 91]. Synthetic fertilization positively 
correlates with Proteobacteria and Actinobacteria abun-
dance [91–93]. Thus, we expected ASV269, ASV380 and 
ASV617 to be enriched at high fertilization. However, 
they were also enriched at low fertilization. Similar taxon 
shifts were reported by Fierer et al. [93] at the class level. 
While Gammaproteobacteria abundance increased at 
low and high nitrogen fertilization, Alphaproteobacteria 
abundance positively correlated with nitrogen fertiliza-
tion rate. However, the observed response was dependent 
on soil source [93].

In contrast to the low fertilization, we found both 
depleted and enriched ASVs in the high fertilization 
treatment. Five ASVs were depleted at high fertilization 
(200  mg/L), including two Proteobacteria (ASV9 and 
ASV127) and three Verrucomicrobiota (ASV111, ASV191 
and ASV493). ASV9 belong to the genus Ramlibacter, 
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characterized by cyst-producing bacterial strains adapted 
to dessert environments whose cysts divide when water 
and nutrients are available [94, 95]. ASV127 belong to 
genus Pseudolabrys, and in contrast to our observa-
tions, its abundance in soil was positively correlated with 
increased fertilization [96, 97]. Verrucomicrobia com-
munity abundance is negatively correlated with low soil 
nutrient availability, and can serve as a bioindicator of soil 
fertility [98]. Verrucomicrobia has a slow-growing lifestyle 
adapted to thrive in poor-nutrient ecosystems [98]. Thus, 
when nutrients are optimum or in high concentration, 
Verrucomicrobiae can be outcompeted by bacteria with a 
fast growing habit like Proteobacteria and Actinobacteria 
[91]. Accordingly, we observed a depletion of three ASVs 
from the phylum Verrucomicrobiae in the high fertiliza-
tion treatment (ASV111, ASV191 and ASV493). ASV191 
and ASV493 belong to the Opitutaceae family and were 
classified to the genus Cephaloticoccus and Opitutus, 
respectively. The genus Opitutus is commonly present in 
Sphagnum peat bogs and is involved in nitrate reduction 
and acetate and propionate production [65, 99, 100]. The 
genus Cephaloticoccus includes symbiotic bacteria living 
in ant guts [101]. Another example of bacteria from the 
Opitutaceae family living in insect guts is Geminisphaera 
colitermitum strain TAV2. TAV2 was isolated from ter-
mite guts (Reticulitermes flavipe) and potentially contrib-
utes to termite N-nutrition via dinitrogen fixation [102].

There were four ASVs enriched by the high fertiliza-
tion treatment including three Proteobacteria (ASV14, 
ASV36, ASV60) and one Verrucomicrobia (ASV227). 
ASV14 belongs to the genus Pseudaminobacter. Spe-
cies in Pseudaminobacter are sulfur-oxidant or pesticide 
degrading [103–106]. ASV60 belong to genus Shinella, 
whose members are known to fix nitrogen and degrade 
nicotine and chlorothalonil [107–109]. Both, Pseudam-
inobacter and Shinella species have been isolated from 
contaminated soil or sludge [106, 107]. ASV227 (family 
Pedosphaeraceae) did not follow the Verrucomicrobia 
oligotrophic lifestyle observed here and in other reports 
[98]. Pedosphaeraceae bacteria were reported to contrib-
ute to Cd remediation and plant growth promotion [110].

Conclusion
In greenhouse container production of ornamental 
plants, root development is limited by the container 
size, and the primary source of microbial diversity is 
the substrate. This project provides an initial diver-
sity profile of the bacterial communities occurring in a 
peat-based soilless substrate, and it contributes to our 
understanding of the effect of plant phenological stage 
and synthetic fertilizer rate on the soilless substrate 
microbiome in greenhouse production systems. High-
throughput 16S rRNA amplicon sequencing identified 

in total 2,535 ASV in our peat-based substrate, but only 
48 ASV belonging to 10 phyla were part of the core 
microbiome. Plant phenological stage and fertilization 
influenced the substrate microbiome composition and 
function. The most relevant chemical characteristics 
in our assessment of bacterial community composi-
tion were pH, TOC, and phosphate. Substrate pH and 
TOC were the most significantly associated with the 
observed community composition differences between 
phenological stages, and pH and phosphate helped to 
explain the differences across fertilizer levels. Develop-
ment of microbial based solutions for the production of 
greenhouse ornamental plants requires a deep under-
standing of the microbial diversity existing in the soil-
less culture system and the factors modulating it and its 
functions. The relationship between substrate chemical 
properties and microbiome composition justifies future 
research to better understand their interactions and 
how they can be manipulated to promote the estab-
lishment of beneficial microbiomes or the efficacy of 
microbial based products.
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